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Although there exist a number of methods, such as NMR, X-ray, e.g., which explore the hydration of
phospholipid bilayers, the solvent relaxation (SR) method has the advantage of simple instrumenta-
tion, easy data treatment and possibility of measuring fully hydrated samples. The main information
gained from SR by the analysis of recorded “time-resolved emission spectra” (TRES) is micro-
viscosity and micro-polarity of the dye microenvironment. Based on these parameters, one can draw
conclusions about water structure in the bilayer. In this review, we focus on physical background of
this method, on all the procedures that are needed in order to obtain relevant parameters, and on the
requirements on the fluorescence dyes. Furthermore, a few recent applications (the effect of curvature,
binding of antibacterial peptides and phase transition) illustrating the versatility of this method are
mentioned. Moreover, limitations and potential problems are discussed.

KEY WORDS: time-resolved emission spectroscopy; solvent relaxation; membrane curvature; antibacterial
peptides; phase transition; dye relocalization .

INTRODUCTION

It was shown that the biological functions of many
biomacromolecules and macromolecular bioassemblies
depend on their hydration [1]. Among the others, the
hydration of the phospholipid bilayers is still an open
question. The water molecules in a membrane interact
with functional groups of the amphiphilic phospholipids
with various chemical natures resulting in a decently com-
plex system. Several methods were employed to study
the structure of hydrated phospholipid membranes and
in particular NMR [2–4], fluorescence [5–7], X-ray and
neutron diffraction [8,9] combined with theoretical simu-
lations [10–12] provide the insight into the nature of the
hydration. The results show that there is a gradient of the
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water concentration in the normal plane of the bilayer.
The dependence is of a sigmoidal character featuring a
steep decline at the glycerol region [13]. Water molecules
form a clathrate hydration shell around the hydrophobic
choline group [14]. On the other hand, they readily form
H-bonds with the PO2

− group and with the C=O groups
either within one lipid molecule or bridging neighboring
lipid molecules [15,16]. These H-bonds appear to create
an interfacial network providing another kind of attractive
interactions stabilizing the bilayer. These H-bonds form
and break with a frequency of 1011 s−1, and thus, the wa-
ter molecules are attached to the phospholipid molecules
almost instantaneously [17,18]. Surprisingly enough, sev-
eral studies showed that the water molecules also penetrate
down to the backbone region [19,20]. In addition, the in-
crease in the water content in the headgroup region leads
to the change in the alignment of the choline–phosphate
dipole and in the lateral packing of the hydrocarbon re-
gion [21]. This finding gives a proof that the presence of
water molecules effects the bilayer organization in a con-
siderable way. Naturally, water molecules in the vicinity
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of the bilayer also show different properties compared
to the bulk. It was reported that the strength, coordina-
tion number and lifetime of H-bonds is changed [22,23],
the density is increased [24], and the motional freedom
of water molecules is reduced in comparison to the bulk
[25].

Among the fluorescence techniques employed, i.e.,
dynamical [26,27] and chemical [28] quenching [29], en-
ergy transfer [30,31], dye adsorption [32,33], lifetime
(distributions) [34–36], and excimer formation [37,38],
the determination of fluorescence anisotropy [34] has cer-
tainly been the dominating fluorescence method in stud-
ies of biological and model membranes. Fluorescence
polarization studies, however, exhibit some major limi-
tations. The membrane order parameters obtained from
freely mobile probes like 1,6-diphenyl-1,3,5-hexatriene
(DPH) result from a broad distribution of localization
within the hydrophobic interior, the detailed characteriza-
tion of which reveals inherent ambiguities [39]. Moreover,
the anisotropy technique is limited to the characterization
of the hydrophobic bilayer interior, since the anisotropy
of headgroup labeled phospholipids appears to be rather
insensitive to environmental changes [34]. These limita-
tions do not restrict the application of the solvent relax-
ation method, the principles of which and some of their
recent applications in membrane studies will be presented
in this review. In this fluorescence method a very rapid
electronic excitation of the fluorescence dye leads to the
change in its charge distribution, however, according to
Franck-Condon principle does not influence the position
of the surrounding solvent molecules. Consequently, the
solvent molecules are forced to adapt to the new situa-
tion and start to reorient in order to reach energetically
favorable state. This dynamic process starting from the
initial non-equilibrium “Franck-Condon state” and grad-
ually proceeding toward the fully relaxed excited state
is called solvent relaxation (SR). As the energy of the
system is lowered, the relaxation process causes a con-
tinuous red-shift of the recorded time-resolved emission
spectra. Thus, solvent polarity and the local environment
have profound effects on the emission spectra of polar
fluorophores. While interpretation of solvent-dependent
emission spectra seems to be straight forward, a quanti-
tative description of the solvent effects on fluorescence
emission spectra is likely the most demanding topic in
fluorescence spectroscopy. No single theory or type of in-
teractions can be applied to all conditions. General solvent
effects, which originate from the interactions of the dipole
of the fluorophore with its environment, are coupled with
specific fluorophore–solvent interactions, and often with
complex photochemistry of the dye itself. Considering all
these complexities one has to be very careful when pro-

cessing and interpreting SR data. An additional caution
is required when the SR experiment is performed in an
isotropic and inhomogeneous media like biomembranes,
where the SR occurs on the time–scale about four orders
of magnitude longer than in the neat solvents.

Once properly applied SR method can provide valu-
able and unique information on the state of hydration of
the system, and the influence of various factors on the hy-
dration, such as peptide and protein binding [40, 41]. The
history of fluorescence measurements of time-resolved
emission spectra goes back almost 30 years ago [42], how-
ever, some crucial considerations related to SR processes
in biomembranes have been omitted for a long time. This
review presents an overview of a SR method applied to
characterization of phospholipid membranes. In the fol-
lowing section, we will present the detailed description
of the technique. Some important additional procedures
and parameters, which can help to avoid some typical pit-
falls, will be discussed (i.e., methods for inspection of
extent of the observed relaxation process, namely time-
zero estimation and examination of time-dependent width
of emission spectra; choice of suitable fluorescent probes
and their mean localizations; investigation of dye distri-
bution; numerical characterization of the so called solvent
response function). In the last section some of the recent
applications of the method are presented.

METHODOLOGY

Time evolution of the emission of a suitable fluo-
rescence probe carries complex data on its microenviron-
ment. The most common method to extract this informa-
tion is to analyze the time-resolved emission spectra (here-
after TRES). Following temporal changes of the spectrum
position ν(t) (usually, ν is the frequency of the maximum
of the TRES) and its width, the micropolarity and micro-
viscosity of the dye environment can be characterized.

Parameters Yielded from TRES

Micropolarity/Hydration

The overall shift �ν, defined as:

�ν = ν(0) − ν(∞) (1)

is attributed to the difference between the energies of the
Frank–Condon and the fully relaxed states, which are pro-
portional to ν(0) and ν(∞), respectively [43,44]. It was
shown, that �ν is directly proportional to the polarity
function of a solvent, in which the dye is dissolved [44],
since a more polar solvent leads typically to a stronger
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stabilization of the polar equilibrated excited state. The
precise mathematical description of this relationship,
however, depends on the choice of the dielectric solvation
theory [45–52]. The fundamental “dielectric continuum
solvation model” [50–52] predicts a linear proportionality
between �ν and a dielectric measure of solvent polarity
F for a large variety of solvents [44], where F is a func-
tion of the static dielectric constant (ε0) and the optical
refractive index (n) of the solvent.

F = ε0 − 1

ε0 + 2
− n2 − 1

n2 + 1
(2)

Deviations from this linearity are found for a few
aromatic solvents, indicating that F is a poor measure of
the nuclear polarizability of aromatic solvents. However,
for dielectric relaxation in phospholipid/water systems, it
can be assumed that the �ν/F-proportionality is valid and
that �ν value directly reflects polarity of the dye environ-
ment. In the biological and model membranes the polarity
in the vicinity of the probe is determined mainly by the
presence of the dipoles of water hydrating the membrane.
Thus, �ν usually reflects the degree of hydration of the
membrane at the level where the chromophore is located,
giving the first major information provided by the solvent
relaxation technique in the membrane studies.

Microviscosity/Mobility

The kinetics of the spectral shift depends on the mo-
bility of the environment (i.e., reorientational motions of
the solvent molecules), which in turn is determined by
the frictional forces presented in the dye’s surrounding.
For quantitative evaluation of this kinetics it is convenient
to normalize spectral response ν(t) to the overall shift as
follows:

C(t) = ν(t) − ν(∞)

ν(0) − ν(∞)
= ν(t) − ν(∞)

�ν
(3)

Correlation function C(t), called also spectral re-
sponse function, is in the direct relation to the solvation
dynamics of the solute (the dye). In fact, C(t) reflects the
relaxation of naturally occurring fluctuations of the solva-
tion energy δE from its average equilibrium value in the
unperturbed system [53]:

C(t) ≈ CE ≡ 〈δE(0)δE(t)〉
〈
δE2

〉 (4)

The above relation was proved to be valid even for
solutes, which undergo the protonation upon their elec-
tronic excitation, which illustrates the fact that the method
probes the properties of the solvent, regardless of how se-
vere the solute perturbation may be [53]. Although there

have been several attempts to simplify the characteriza-
tion of the SR process [54,55], the determination of the
normalized spectral response function C(t) is certainly
the most general and most precise way to characterize the
time course of the solvent response. The easiest way to
obtain numerical measure of the solvation kinetics is to
integrate C(t) function over time:

τr ≡
∫ ∞

0
C(t) dt (5)

Average relaxation time τ r, as defined in Eq. (5), was
shown to be nearly proportional to the viscosity of the sol-
vent [56–58]. It should be mentioned that this parameter,
regardless of its convenience, gives only an approximate
measure of the solvation kinetics and whenever more de-
tailed description of the process is required, the correlation
function itself should be analyzed. However one should
choose correct model for fitting C(t). Commonly mea-
sured solvent relaxation processes, even in the neat sol-
vents, are far from being monoexponential, while fitting
C(t) for anisotropic media, such as phospholipids bilayers,
often requires three and more exponential components.
Multi-exponential fitting of experimental data needs the-
oretical assumptions about the model used, in order to be
performed properly. It was shown that the residuals are
often not enough to judge if the obtained time constants
are meaningful [59]. Moreover, a user of the solvent relax-
ation technique should be aware that experimental factors
like the signal-to-noise ratio, the excitation pulse width
or the dynamics of the detectors influence the quality of
the C(t) data. That is also why a fitting by physical mod-
els might appear as an over-interpretation of such data in
some cases.

TRES Generation-Spectral Reconstruction Method

The C(t) function can be determined either by “single
wavelength methods” [55,60] or, as most frequently, by
“spectral reconstruction” [40,44,60–63], which requires a
minimum of a priori assumptions and has been used for
obtaining the results presented in this work. The primary
data consist of a set of emission decays recorded at a series
of wavelengths (typically 10–20) spanning the steady-
state emission spectrum. These decays are fitted to a sum
of exponentials using an iterative reconvolution technique
until a mathematically satisfactory fit, is obtained [64]. It
is important to note that the purpose of these fits is to
obtain a parameterized form of the intensity decay D(t,
λ) at each single wavelength, which is undistorted by
the excitation pulse width and the time-dependence of
the detecting electronics, and not to provide a physical
interpretation of the decays. The TRES (S(λ, t)), at a given
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time t, are obtained by a relative normalization of those
fitted decays D(t, λ) to the steady-state spectrum, S0(λ):

S(λ, t) = D(t, λ)S0(λ)
∫ ∞

0 D(t, λ) dt
(6)

The time dependence of the spectral shifts and the
shape of the TRES are then used to determine the rates of
relaxation and the nature of the relaxation process. The ex-
amination of the shape of the TRES can give information
about the nature of the investigated relaxation process.
The existence of isoemissive points [65], for example, in-
dicates that the examined excited state process is not con-
tinuous but rather the existence of equilibrium between
two excited states, like excimer or exciplex formation.
In order to obtain desired parameters—time-dependent
position of the spectrum ν(t) and its full width at half
maximum (FWHM), the spectra should be transformed
into wavenumber domain and fitted. Good choice for the
fit function can be, for example, the log-normal line shape
function [66], which gives a realistic picture of broad,
asymmetric electronic emission bands [67, 68]:

F (ν, t) = h

{
exp[− ln (2){ln (1 + α)/γ }2] : α > −1
0 : α ≤ −1

(7)
where

α ≡ 2γ (ν − νp)/� (8)

The evolution of the fitted parameters (the peak
height h, the peak position νp, the asymmetry parame-
ter, and the width parameter �), which are obtained via a
nonlinear least-squares fitting method, fully describes the
observed dynamics. Should the log-normal model fail to
fit data, excited state processes other than pure continuous
solvent relaxation may be considered.

Full Width at Half Maximum of TRES

The temporal behavior of the width of the time-
resolved spectra provides rough but useful information
on the extent of the observed solvent relaxation. The ex-
periments carried out in phospholipid bilayers [61,70] and
also in the supercooled liquids [69] have shown that the
FWHM passes a maximum during solvation process. This
is in a good agreement with the idea of a non-uniform spa-
tial distribution of solvent response times [69,71]. It has
been shown that in homogeneous systems of low mo-
lar mass molecules, the FWHM decays monotonically. In
a spatially inhomogeneous systems however (i.e., where
the microenviroments of the fluorophores differ), the re-
laxation behavior is different, since the solvent shells of
individual fluorophores distributed in the system, respond

with different rates to changes in the local electric field
(which also spatially varies). This gives rise to a new phe-
nomenon, which reflects the time distribution of phases
of relaxations of individual solvation shells during the re-
laxation. The overall transient inhomogeneity increases
significantly during the solvation and then decreases once
the solvation finishes and the equilibrated excited state is
reached. That is why the time-dependent width of TRES,
which gives the measure of inhomogeneity of dyes mi-
croenvironments, passes a pronounced maximum. This
effect gives the origin for the method of checking whether
the entire response or merely part of it was captured within
the time-window of the experiment. If only a decrease in
the FWHM is observed, it means that the early part of the
relaxation process is possibly beyond the time resolution
of the equipment. In contrast, if only an increase is de-
tected, the process is fairly slow under given conditions
and the lifetime of the used fluorophore is not long enough
to completely monitor the relaxation.

Besides, the above described application, the inspec-
tion of the time course of the FWHM is also an excellent
tool to test whether a fluorescent probe has unimodal dis-
tribution of locations and how wide this distribution is. It is
of particular importance in the view of recently published
data concerning bimodal distribution of membrane dyes
[72] as well as dye relocalization upon addition of ethanol
[73] or change of the hydrostatic pressure [74]. The use-
fulness of this approach was illustrated by us during char-
acterization of the solvent relaxation of the newly devel-
oped membrane label N-palmitoyl-3-aminobenzanthrone
in different phase states of phospholipid bilayers [70].
All above gives the reason why FWHM profiles should
always be examined in SR studies.

Time-Zero Estimation

To determine the correlation function C(t) from
Equation (3) one needs to know the position ν(t = 0) of the
so called “time-zero” spectrum—the hypothetical fluores-
cence emission spectrum of the molecules which are in
the Frank–Condon state (i.e., are vibrationally relaxed but
emit before any nuclear solvent motions have occurred).
Such theoretical spectrum could not be directly observed
even with ideal instrument with infinite time resolution
[75]. One method to calculate this spectrum is the extrap-
olation of the measured spectra back to time t = 0. The
extrapolated time-zero spectrum is unfortunately strongly
affected by the experimental time resolution and its appli-
cation often leads to significant errors in calculated solva-
tion times [76]. As demonstrated for a series of membrane
labels, a valid “time-zero” spectrum, is a pre-requisite for
quantitative SR studies [70,73,77]. The solution for this
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problem was proposed by Fee and Maroncelli [76] and
was based on the use of nonpolar reference spectra and a
simple model of the inhomogeneous broadening of bands
in polar solvents. The time-zero spectrum is estimated us-
ing only the emission and absorption steady-state spectra.
The spectra measured in a non-polar reference solvent
(such as hexane) are used to simulate spectral properties
of the Frank–Condon state. According to the model of the
electronic spectra of solvatochromic probes published in
Reference [78], the method can be implemented as de-
scribed below.

First, the absorption spectrum of the dye in the polar
system of interest Ap and absorption Aref(ν) and emission
spectra Fref(ν) in the reference nonpolar solvent have to be
measured. Then, the lineshape functions (g(ν)) and (f(ν))
for both reference spectra can be calculated:

g(ν) ∝ Aref(ν)

ν
(9)

f (ν) ∝ Fref(ν)

ν3
(10)

The factors of ν in the denominators of Equations (9)
and (10) are used so that f and g are directly proportional
to the Einstein B coefficients for absorption and emis-
sion, respectively. Assuming that the spectra of individ-
ual molecules in different environments differ only by an
overall frequency shift δ, the site distribution function can
have the Gaussian profile:

p(δ) = 1√
2πσ 2

exp

(−(δ − δ0)2

2σ 2

)
(11)

where δ0 is the average shift induced by the polar solvent
and σ is the variance. The p(δ) can be calculated by fitting
its convolution with g(ν) to the absorption spectrum A(ν),
according to:

Ap(ν) ∝ ν

∫
g(ν − δ)p(δ) dδ (12)

Once the distribution parameters are known, the de-
sired time-zero spectrum Fp can be computed from:

Fp(ν, t = 0, νex) ∝ ν3νex

∫
g(νex − δ)p(δ)f (ν − δ) dδ

(13)
The νex in Equation (13) denotes the frequency of the

monochromatic excitation. See Fig. 1. for the illustration
of the method.

The absolute uncertainty of the above method was
found to be less than 200 cm−1 [76]. In particular exper-
iments, where the parameters values for similar systems
are compared for which a part of time-zero estimation pro-
cedure is common, the relative uncertainties can be even

smaller. The main drawback of the time-zero estimation is
the need for reference spectra in a nonpolar solvent, which
can be difficult to measure due to low solubility of some
dyes. In this case measurements in frozen solvents, where
the relaxation process is considerably slower, can serve
as a good approximation. The estimation of the time-zero
spectrum is essential for quantitative SR measurements.
Knowing proper position of TRES at time t = 0 one can
not only correctly calculate SR parameters (Equations (1)
and (5)) but also calculate the percentage of the observed
kinetics by comparison of the estimated ν(0) with the gen-
erated one. Thus, time-zero estimation tells us what part
of the process occurs faster than the time resolution of
our apparatus and is therefore missed. Only when there is
strong evidence that the entire SR process takes place in
the experimental time-window, the time-zero estimation
procedure can be avoided.

When excitation is restricted to near the peak of the
absorption and the underlying g(ν) is not too much struc-
tured, the estimation process can be significantly simpli-
fied:

νp(t = 0) ≈ νp(abs) − (νref(abs) − νref(em)) (14)

where ν(abs) denotes wavelength for maximum of absorp-
tion and ν(em) for maximum of emission, subscript (p)
stands for polar system of interest, and subscript (ref) for
nonpolar reference. For excitation at the peak of the polar
absorption spectrum the deviations between the frequen-
cies determined using the complete method and those de-
termined from Equation (14) are usually less than 50 cm−1

Fig. 1. The estimated time-zero fluorescence emission spectrum of 4-[(n-
dodecylthio)methyl]-7-(N,N-dimethylamino)-coumarin (DTMAC), (for
structure see Fig. 2) (dotted line) and the spectra used for its calcula-
tion: Absorption g(ν) and emission f(ν) lineshape functions (solid lines)
obtained from data measured in cyclohexane and absorption spectrum
Ap(ν) of the dye in DOPC LUVs (dashed line). All the spectra were
measured in the room temperature. See text for details of the estimation
procedure.
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.
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[76] giving total uncertainty for the simplified time-zero
estimation equal 250 cm−1. Such accuracy will of course
not be achieved for off-peak excitation or structured ab-
sorption lineshape. In fact even slightly structured spec-
trum, as shown on Fig. 1. leads already to the total uncer-
tainty of 300 cm−1.

Membrane SR Probes and Their Location

As previously mentioned the dyes used in SR studies
should be characterized by the large change in their dipole
moment upon excitation (i.e., the charge distribution dur-
ing excitation should change dramatically). Such dyes in
addition to specific solvent–fluorophore interactions, can
form an internal charge-transfer state (ICT) or a twisted
internal charge-transfer (TICT) state [79] and often con-
tain an electron donor and acceptor groups (for example
amino and carbonyl groups respectively, but numerous
other groups are known). Complex photochemistry and
possible specific interaction between the probe and the
molecules in its surrounding can significantly complicate
the SR measurement.

Perhaps the most underestimated problem in the SR
membrane studies, as well as in many other fluorescence
techniques applied to the phospholipid bilayer, is the prob-
lem of the fluorophore location. It is of great importance
to know where the fluorescence signal comes from. In
other words, where, along the normal to the bilayer sur-
face, is the probe located. In many studies the labeling
is accomplished by simple partitioning of water-insoluble
probes into the nonpolar regions of bilayer [80] leading
to rather broad distribution of the dye in the backbone
region or even worse, a coexistence of two probe popu-
lations in the membrane and in the bulk for lower parti-
tioning coefficients. In that case, altering the properties
of the membrane can simultaneously change the balance
between dye populations. As both factors have influence
on the SR behavior, they are usually impossible to sepa-
rate. SR probes can be also covalently bound to the fatty
acid chains or to the phospholipids. The depth of these
probes in the bilayer can be adjusted by changing the
placement of the fluorophore on the hydrocarbon chain
as well as the length of the chain itself, resulting in more
precise localization. The attachment of a trimethylammo-
nium group, which is localized near the membrane–water
interface, can give additional anchoring of the molecule
and preserve its vertical orientation in the membrane. It is
extremely important that the dye keeps its initial location
during whole experiment or in all compared formulations.
Even small change in the depth of the fluorophore will al-
ter SR parameters drastically. This is because along the
normal to the membrane a large polarity gradient exists

plus SR kinetic changes from the value of hundreds of
femtoseconds in the bulk to few nanoseconds at the glyc-
erol level [63,77,81].

Figure 2 schematically presents a set of SR probes,
which have been successfully used in our laboratory.
The dyes locations are spanning the whole bilayer pro-
viding valuable tool for studying different membrane
regions. Moreover, application of probes with identical
but differently located fluorophores allows direct com-
parison between SR processes at different depths in the
bilayer. Locations of some of the presented dyes were
checked in quenching experiments with localized free rad-
ical quenchers according to the parallax method [82].

TIME SCALE OF SR IN THE FLUID PHASE
OF PHOSPHOLIPIDS BILAYERS [70,77,83]

Time-resolved spectroscopy is generally capable to
monitor a particular process at a certain “time-window”
that is covered by the experimental set-up. In case of
monitoring TRES, ultimate time resolution of the instru-
ment and the lifetime of the dye stand as the limiting
factors. Herein, all reviewed experiments were recorded
at the time-window of 50 ps to tens of nanoseconds. This
(sub)-nanosecond time resolution is too slow for mon-
itoring the solvation dynamics in the neat solvent. On
the other hand, the SR process in viscous media or in the
vicinity of supramolecular assemblies (i.e., micelles, vesi-
cles, and proteins) is slowed down enough to be captured
with the given (sub)-nanosecond “time-window”. Never-
theless, there is still high uncertainty if the whole process
is captured with the available time resolution. Fortunately,
the above described method of “time 0 estimation” provid-
ing the emission maximum of Franck–Condon spectrum
serves as a quantitative tool to estimate how much of the
SR process is missed. However, the relaxation process can
also become substantially slower than the given time res-
olution. In this case, a time evolution of FWHM can serve
as an instructive guide when considering the relative time
scale of the experiment and the process of interest [81]
as discussed in section “Full Width at Half Maximum of
TRES”.

As far as the bilayers are concerned, the time scale
of SR kinetics varies widely and is strongly dependent on
the localization of a dye along the z-axis of the bilayer.
It was demonstrated that bilayer might be separated into
three regions that are characterized by different proper-
ties. Firstly, the dyes located in the external interface of
the bilayer, which is formed by the bilayer surface and in-
teracting water molecules from the bulk, show a complex
behavior. For example, for dye 6,8-difluoro-4-heptadecyl-
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Fig. 2. Distribution of used dyes, relative to the molecule of dioleoylphosphatidyl choline (DOPC), along the z-axis of phospholipid bilayer. From the
left: DOPC, 11-((5-dimethylaminonaphthalene-1-sulfonyl)amino)undecanoic acid (Dauda) [77], 6,8-difluoro-4-heptadecyl-7-hydroxycoumarin
(C17DiFU) [77], 4-[(n-dodecylthio)methyl]-7-(N,N-dimethylamino)-coumarin (DTMAC) [95], N-palmitoyl-3-aminobenzanthrone (ABA-C15)
[70], 6-propionyl-2-dimethylaminonaphthalene (Prodan) [62,73,77,84], 6-lauroyl-2-dimethylaminonaphthalene (Laurdan) [77], 6-hexadecanoyl-
2-(((2-(trimethylammonium)ethyl) methyl)amino)naphthalene chloride (Patman) [41,62,73,77,84], 2-(9-anthroyloxy)stearic acid (2-AS) [63,77],
9-(9-anthroyloxy)stearic acid (9-AS) [63,77], (16-(9-anthroyloxy)palmitoic acid (16-AP) [63].

7-hydroxycoumarin embedded in the PC vesicles more
than 50% of the solvent relaxation occurs on the shorter
time scale than the given time resolution (50 ps) at 25◦C
[77]. The second part of the relaxation process, on the
other hand, coincides with nanosecond “time-window”.
Such an appearance might be explained by following con-
siderations. A fluid phospholipid bilayer is a dynamic fluc-
tuating system and broad statistical functions were found
to be most suitable for describing the relative positions
of the atoms along the z-axis of the bilayer. Similarly, the
position of the dye molecules will also be spread over a
significant region of the bilayer. Thus, at a certain time
some part of the chromophore molecules might face an
environment with a large amount of unbound free water
which leads to the observed ultrafast solvation dynam-
ics, whereas some ensemble of the dye molecules will
be buried deeper probing nanosecond SR kinetics as dis-
cussed further. Secondly, a headgroup region, formed by
the hydrated functional groups (i.e., choline, phosphate,
glycerols and carbonyls), misses in the fluid phase the ul-
trafast (sub)-picosecond solvation dynamics almost com-
pletely and the SR kinetics occurs on the slower (sub)-
nanosecond time scale [77,83]. It indicates that there is
no free unbound water present in the vicinity of the dye.
Moreover, the direct influence of the chemical composi-

tion on the solvation dynamics implies that the reorienta-
tional motions of the hydrated functional groups might be
responsible for the substantial “slowing-down” of the sol-
vation dynamics compared to the bulk. Fortunately, a set of
dyes (Prodan, Laurdan, Patman) containing the identical
chromophore enables to compare values of the dynamic
Stokes shift, which is proportional to the micropolarity of
the dye microenvironment. These dyes were found to be
gradually located in the headgroup region which makes
their use possible for mapping the solvation dynamics at
various depths of the headgroup region [77]. It is evident
that there is a polarity gradient in the headgroup region
and the water content is increased moving from the head-
group region towards the bilayer interface [77,83]. Addi-
tionally, the SR kinetics becomes faster indicating higher
mobility of the functional groups when approaching the
interface [77,83]. Monitoring of SR behavior in the head-
group region by using a set of dyes Laurdan, Prodan and
Patman was found to be most applicable. The reason is
that substantial part (about 90%) of their SR response
is resolved with the (sub)-nanosecond time resolution.
Additionally, it seems that no additional (photophysical)
process contributes to the time-dependent Stokes shift for
the FWHM time evolution has not shown any anomaly
up to now. Finally, the characterization of SR kinetics in
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the nonpolar, hydrophobic backbone region of fluid bilay-
ers is complicated by the complex photophysics of the up
to now only reachable dyes (“n-AS dyes”; for structures
see Fig. 2). In addition to the SR process, a competitive
intramolecular process (many hypothesis including the in-
ternal rotation, formation of TICT state and a role of the
hydrogen bonding were proposed) makes the interpreta-
tion of TRES obtained for these n-AS dyes more complex
and the conclusions have to be carefully drawn [77]. First
of all, there is a steep decrease of the water concentra-
tion nearby the glycerol moiety, which is documented by
a rather large difference in the �ν values obtained for
2-AS and 9-AS [77]. Secondly, water molecules are de-
tected even close to the center of the bilayer (by 16-AP)
[77], which is in contradiction to the results gained by the
theoretical simulations [96]. This fact might be explained
by the mechanism analogous to the preferred solvation
observed at the interface of two immiscible liquids [97].
This mechanism proposes that the increase in the dipole
moment caused by the excitation of the dye may draw
the water molecules from the interface regions into the
backbone region. By careful inspection of the TRES and
considering the intramolecular relaxation process, we can
draw the conclusion that the “intermolecular” SR kinetics
becomes slower moving towards the bilayer center [77].

APPLICATIONS

The suitability of SR method for characterization of
prothrombin binding to the phospholipid bilayer [85], its
sensitivity to the chemical composition of lipid bilayer
[81] and other applications [86,87] have already been
reviewed several times [61,84]. Herein, we will intro-
duce some recent applications of SR approach which will
demonstrate its advantages and its potential drawbacks.

Influence of Temperature and Phase Transitions on
SR [70]

The phase transition from the gel phase (Lβ) to the
liquid crystalline phase (Lα) is accompanied by the change
of rigidity and by higher water penetration into the interior
of the phospholipids bilayer. The SR method should nat-
urally reflect these changes. Moreover, as reported earlier
[40,62], the SR kinetics is supposed to differ significantly
for both phases and in general, is supposed to turn faster
with increasing temperature. The reason is that the mo-
tional freedom of the bilayer segments is increased as
well. Having developed a new dye ABA-C15 (for chemi-
cal structure see Fig. 2) localized in the headgroup region,
we decided to test these conclusions by monitoring solva-

Table I. Parameters Obtained for ABA-C15 at Various Phase States of
the Bilayer—Gel Phase (DPPC), Liquid Crystalline Phase Close to the
Phase Transition Temperature (DMPC), Liquid Crystalline Phase Far

Above the Phase Transition Temperature (DOPC)

�ν (cm−1) τ r (ns) %SR observed

DOPC 3050 0.39 84
DMPC 2650 0.77 85
DPPC 2250 0.89 64

Note. The data were collected at 30◦C.

tion dynamics below, just above and far above the phase
transition temperature Tc [41].

The results obtained are summarized in Table I. show
that the degree of hydration of the headgroup region is
indeed being gradually increased when setting the ex-
perimental temperature further from the phase transition.
Additionally, the mobility of the microenvironment was
increased implying that the dye microenvironment be-
came more mobile in the liquid crystalline phase, which
is all in agreement with the above mentioned hypothe-
ses. However, when investigating the SR data more thor-
oughly, additional conclusions might be assumed. First of
all, FWHM time profile obtained below the phase tran-
sition for Lβ phase showed large deviation from the data
observed for the fluid Lα phase. There was an untypical
decrease of FWHM at the initial times detected for Lβ

phase (see Fig. 3) indicating that a second partially unre-
solved process was present. Moreover, despite of the fact
that the overall integral time was slower, a smaller part
of SR kinetics was captured for the rigid Lβ phase than
for the “globally faster” Lα phase. Such an anomalous be-
havior can be explained by a partial relocalization of the
dye in the gel phase. When the bilayer is more packed,
a number of the dye molecules are pushed away further
from the headgroup region and consequently, this ensem-
ble of dyes probes much faster solvation dynamics. This
finding might elucidate why an ultrafast subpicosecond
component of the solvation dynamics was reported below
the phase transition temperature several times [88, 89]. It
also shows the limitation of the SR method and one has to
be aware that SR study covering more lipid phase states
might suffer from the dye relocalization.

Membrane Curvature [83]

In recent years an interest in studying membrane fu-
sion has been raised especially in connection with the
formation of tubules and vesicles inside cells [90], and
with the formation of new organelles and enveloping
of viruses [91]. The fusion is intermediated via highly
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Fig. 3. The time evolution of FWHM obtained for ABA-C15 at various
phase states of the bilayer: (stars)—gel phase (DPPC); (circles)—liquid
crystalline phase (close to the phase transition temperature) (DMPC);
(triangles)—liquid crystalline phase (far above the phase transition tem-
perature) (DOPC). Data were collected at 30◦C.

deformed bilayer structures. For this reason we decided
to reinvestigate the work based on a single wavelength
approach [92] and to monitor the dependence of solva-
tion dynamics in the headgroup region on the membrane
curvature. Different membrane curvature of phospholipid
bilayer was simulated by various vesicle dimensions. In
case of LUVs (diameter 200 nm) the difference between
the ratio of the inner and outer surface is approximately 1,
whereas in case of SUVs (diameter 20 nm) it falls down
to 0.5, which naturally influences the packing of the bi-
layer. In order to reveal these effects, we decided to label
either both leaflets of the bilayer or the outer leaflet alone
assuming that the selective labeling will affect the solva-
tion dynamics in case of SUVs more dramatically than
in case of LUVs. In order to get more detailed informa-
tion on the curvature effect, three dyes; a coumarine like
DTMAC, Prodan and Patman; which are gradually lo-
cated towards the center of a bilayer (for their chemical
structures and relative location within bilayer see Fig. 2),
were used. Additionally, we also varied the lipid compo-
sition and performed the experiments for DOPC, DMPC,
POPC and OPPC. The below described results, summa-
rized for DOPC in Table II, appeared to be independent
of the lipid composition. In conclusion, the higher curva-
ture does lead to the different packing of the phospholipid
bilayer, however, the effect is not as dramatic as esti-
mated by a single-wavelength study using a dye with a
rather undefined location [92]. It seems that the degree of
hydration (�ν) is not modified by the higher curvature,
nevertheless, the mobility of the dye microenvironment
(τ r) is increased when the bilayer is more bent. This trend
is clearly visible in the glycerol region (Patman) where
the bound water is present exclusively. Approaching the

Table II. Basic Parameters Obtained for DTMAC, Prodan and Patman
(For Their Chemical Structure and Location in the Bilayer See Fig. 2)

DTMAC Prodan Patman

�ν

(cm−1) τ r (ns)
�ν

(cm−1) τ r (ns)
�ν

(cm−1) τ r (ns)

SUVb 2200 0.49 4075 0.53 3450 1.21
SUVo 2200 0.48 4075 0.47 3500 0.90
LUVb 2150 0.49 4025 0.60 3450 1.22
LUVo 2200 0.49 4075 0.52 3500 1.14

Note. Data were collected in vesicles of various dimensions composed
of DOPC at 20◦C. Letter “b” denotes that both leaflets of the bilayer
were labeled, letter “o” denotes that the outer leaflet alone was labeled.
For instance, LUVb denotes large unilamellar vesicles with both leaflets
labeled.

interface region (DTMAC), which is accompanied by the
gradual increase in a content of free water, these tenden-
cies become less and less apparent. This study illustrates a
strong point of the SR method enabling to characterize the
properties of the dye microenvironment at various depths
of the headgroup region.

Membrane Binding of Antibacterial Peptides [41]

In earlier studies it was reported that new insights into
the nature of protein–membrane binding might be found
by means of the SR method [40,85]. In a recent work we
chose a headgroup dye, Patman, the location of which
was reported to be invariant towards protein binding [40],
and we decided to study the membrane-interaction of two
antibacterial peptides, melittin and magainin, and one hy-
drophobic membrane-spanning sequence, KAL. We were
interested in the impact of their binding on the dynamic
properties near the glycerol moiety in the headgroup re-
gion [41]. All three peptides contain a positively charged
and hydrophobic domain and their membrane binding
is realized via hydrophobic and electrostatic interactions
causing the permeabilization and/or disruption of the bac-
terial membrane [93].

The experiments were performed for neutral and neg-
atively charged membrane containing biomimetic lipid,
which was proved not to influence the SR behavior. The
obtained data are concluded in Table III. It is demon-
strated that the presence of the peptides modifies the sol-
vation dynamics in the headgroup region. However, as far
as magainin and melittin are concerned the changes in the
micropolarity and viscosity at the glycerol region probed
by Patman are significantly more pronounced when bi-
layer contains negatively charged lipids (POPC:DOPS
mixture), as already observed in [94]. The SR kinetics
is strongly slowed down which indicates that the mobility



892 Jurkiewicz, Sýkora, Ol
.
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Table III. Stokes Shift and Integral Relaxation Time Obtained for the
Interaction of Membrane With Various Peptides Monitored by Patman

Neutral bilayer (POPC)
Negatively charged bilayer

(POPC + DOPS)

�ν (cm−1) τ r (ns) �ν (cm−1) τ r (ns)

No peptide 3450 1.3 3450 0.9
Kal 3350 1.4 3200 1.2
Melittin 3300 1.7 3000 1.8
Magainin 3300 1.6 3000 2.4

Note. Interacting with neutral membrane (POPC) and with negatively
charged membrane (POPC:DOPS 4:1). The data were recorded at 28◦C,
and the total concentration of peptide was 4 mg ml−1.

in the headgroup region is decreased significantly. Such
an observation implies that the electrostatic interaction
plays a role in peptide binding and causes a deeper inser-
tion of the peptides into the bilayer. On the other hand,
the changes detected for neutral lipids are smaller yet no-
ticeable which draws the conclusion that the interaction
is only of the interfacial nature. Another interesting fact
is the observed difference between magainin and melit-
tin binding. Whereas the interaction of magainin with a
zwitterionic bilayer does not almost interfere the solva-
tion dynamics in the headgroup region, the interaction of
melittin leads to more significant changes in the SR. These
findings imply, that hydrophobic interaction is more im-
portant in case of melittin, and it seems that the magainin
is located at the external interface of the bilayer when
bound to the neutral membrane. On the other hand, when
a negative charge is introduced into a bilayer, magainin af-
fects the headgroup region to a greater extent showing that
the interaction is mainly maintained by the electrostatic
forces. This behavior might also explain the reason for the
selective targeting of magainin to the bacteria abundant in
the negatively charged lipids. The hydrophobic sequence
KAL shows the smallest effect of all the herein investi-
gated peptides. It is probable that KAL inserts deepest to
the hydrocarbon region [95] and that is why having al-
most no impact on the dynamics in the headgroup region.
The presence of the negatively charged lipids also induces
less apparent changes to the solvation dynamics indicat-
ing that the hydrophobic interaction is the driving force
for KAL insertion. We believe that this peptide binding
studies—together with the SR experiments on membrane
binding of prothrombin [85]—demonstrate that the SR
technique is very useful in mechanistic investigations of
membrane–protein interactions.

CONCLUSIONS

When applying the SR method in bioassemblies, the
exact knowledge of the location of the used dyes, the care-

ful interpretation of the TRES, as well as the time-zero es-
timation are main prerequisites for valuable conclusions.
On the other hand, the SR technique can give direct in-
formation on hydration and mobility in defined domains
of fully hydrated bilayers. The validity of this approach
can be demonstrated by a list of applications, like studies
on lipid compositions [81,85] calcium ion concentrations
[85], temperature [62,70,83], phase transitions [70,73],
ethanol concentration [73], membrane curvature [83,92],
as well as on the membrane binding of blood coagulation
[85] and antibacterial proteins [41].
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